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ABSTRACT In soil, the link between microbial diversity and carbon transformations
is challenged by the concept of functional redundancy. Here, we hypothesized that
functional redundancy may decrease with increasing carbon source recalcitrance and
that coupling of diversity with C cycling may change accordingly. We manipulated
microbial diversity to examine how diversity decrease affects the decomposition of
easily degradable (i.e., allochthonous plant residues) versus recalcitrant (i.e., autoch-
thonous organic matter) C sources. We found that a decrease in microbial diversity (i)
affected the decomposition of both autochthonous and allochthonous carbon sources,
thereby reducing global CO2 emission by up to 40%, and (ii) shaped the source of
CO2 emission toward preferential decomposition of most degradable C sources. Our
results also revealed that the significance of the diversity effect increases with nu-
trient availability. Altogether, these findings show that C cycling in soil may be more
vulnerable to microbial diversity changes than expected from previous studies, par-
ticularly in ecosystems exposed to nutrient inputs. Thus, concern about the preser-
vation of microbial diversity may be highly relevant in the current global-change
context assumed to impact soil biodiversity and the pulse inputs of plant residues
and rhizodeposits into the soil.

IMPORTANCE With hundreds of thousands of taxa per gram of soil, microbial diver-
sity dominates soil biodiversity. While numerous studies have established that microbial
communities respond rapidly to environmental changes, the relationship between mi-
crobial diversity and soil functioning remains controversial. Using a well-controlled labo-
ratory approach, we provide empirical evidence that microbial diversity may be of high
significance for organic matter decomposition, a major process on which rely many of
the ecosystem services provided by the soil ecosystem. These new findings should
be taken into account in future studies aimed at understanding and predicting the
functional consequences of changes in microbial diversity on soil ecosystem services
and carbon storage in soil.

KEYWORDS microbial diversity, soil organic matter, priming effect, functional
redundancy, carbon mineralization

Biodiversity enhances ecosystem stability and productivity. This assumption has
been broadly verified for plant communities, thanks to the vast body of evidence

from more than 200 years of studies, most of which were based on the manipulation
of taxonomic diversity and/or diversity of functional groups (1–4). Compared to plant
ecology, microbial ecology is still lacking demonstrations of the relationship between
biodiversity and function (2, 5). Consequently, while it is widely recognized that
microorganisms perform a crucial role in many key ecosystem functions involved in soil
fertility and environmental and water quality (6), the importance of microbial diversity
is still debated (7, 8). However, this question is critical when the impact of climatic
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changes (9) and land management (10–12) on microbial diversity in soil ecosystems is
considered.

With hundreds of thousands of taxa per gram of soil, microbial diversity dominates
soil biodiversity (8). Due to this enormous diversity, functional redundancy within the
soil microbial component is assumed to be very high, so high, in fact, that it is still
widely assumed that community diversity and composition are decoupled from func-
tioning (8, 13). Nevertheless, functional redundancy may vary between the numerous
processes driven by soil microorganisms (14). More precisely, processes carried out by
small pools of microbial species might be more affected by changes in diversity than
processes involving large numbers of microbial taxa (15, 16). Within the soil microbial
community, the decomposition of organic matter is one of the most redundant
functions since most soil microorganisms can be broadly grouped as heterotrophs.
Such high redundancy was evidenced by several studies which reported that microbial
diversity had no influence on a global estimation of organic matter decomposition
based on total CO2 release (17, 18). However, total CO2 release integrates a large range
of emission sources, ranging from labile to recalcitrant C-organic compounds, and the
enzymatic capacities required to degrade recalcitrant compounds, compared to more
labile C compounds, are provided by only a small pool of microbial species (16, 19, 20).
This suggests that functional redundancy may decrease with increasing carbon source
recalcitrance and that coupling of diversity with C cycling may change accordingly. As
a result, modifications in microbial diversity may not necessarily affect the intensity of
the broad CO2 flux itself (17, 18) but, rather, the composition of this flux in terms of the
relative contributions of CO2 emitted from labile versus recalcitrant C sources. Studies
providing such evidence should be highly relevant to predicting how much the current
impact of anthropogenic activities and of climate changes on soil microbial diversity is
likely to affect the carbon balance in soil.

The aim of this study was to investigate the impact of changes in microbial diversity
(bacteria and fungi) on the decomposition of different C substrates in soil. We hypoth-
esized that a decrease in microbial diversity would have less effect on the decompo-
sition of allochthonous, easily degradable C sources than on more recalcitrant autoch-
thonous C sources. To test this hypothesis, we took advantage of the particularities of
the soil microbial component, i.e., microscopic size and high growth rates, which make
it a highly suitable model that is easy to manipulate for testing a diversity function
hypothesis under controlled conditions. We simulated an erosion of soil microbial
diversity by using a dilution-to-extinction approach in a microcosm experiment (16, 21).
This approach has advantages over other possible ways of manipulating diversity, such
as community construction (22, 23), in that (i) it allows manipulation irrespective of the
cultivability of the microbial species and (ii) it leads to the establishment of highly
complex communities composed of several hundreds of different species, which is
realistic with regard to the huge genetic diversity that characterizes the soil microbial
world. 13C-labeled wheat residues were used as allochthonous carbon input to distin-
guish the relative contributions of mineralization from allochthonous (13C-CO2) and
autochthonous (12C-CO2) carbon sources according to microbial diversity.

RESULTS
Microbial biomass. Microbial molecular biomass levels at time zero (T0; i.e., after 6

weeks of preincubation) were similar at all the three levels of diversity (D1 to D3) (Fig.
1). In the control microcosms, microbial biomass levels did not evolve with time and
remained similar between D1, D2, and D3 at each sampling date throughout the 60
days of incubation (P � 0.05). Likewise, similar bacterial and fungal densities were
observed at the three diversity levels (by quantitative PCR [qPCR]) (see Fig. S1 in the
supplemental material). Incorporation of wheat residues increased microbial biomass in
the amended microcosms, with significantly higher values than in controls occurring up
to 14 days of incubation (P � 0.05). However, the increases in D1, D2, and D3 were
similar, and no difference of biomass was observed according to the diversity level
irrespective of the time of incubation time. Similarly, the bacterial and fungal densities
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estimated by quantitative PCR of the 16S and 18S rRNA genes did not differ between
D1, D2, and D3 irrespective of the time of incubation (Fig. S1).

Diversity of bacterial and fungal communities. The numbers of sequences re-
tained for each sample after the bioinformatics filters were 5,630 for bacteria and 4,763
for fungi. The number of sequences between the samples was standardized to allow
comparison of the diversity metrics between the three levels of diversity (24). For
bacterial communities, the operational taxonomic unit (OTU) richness was decreased by
30% in D1 compared to the level in the native community. This decrease was associated
with a higher dominance of OTUs affiliated to Firmicutes and Beta- and Gammaproteo-
bacteria and a decrease of in the levels of Acidobacteria, Actinobacteria, Planctomycetes,
Chloroflexi, Gemmatimonadetes, and Deltaproteobacteria (Fig. 2A). When the diversity
gradient was considered, the average OTU richness decreased significantly (P � 0.05),
that is, by 30% and 52% in D2 and D3, respectively, compared to the level of D1

FIG 1 Soil microbial biomass in control and wheat-amended microcosms for each of the three levels of diversity (D1, D2,
and D3) during the incubation. Error bars denote standard deviations of biological replicates (n � 3).

FIG 2 Relative abundances of bacterial (A) and fungal (B) phyla for the native community and each level of diversity (D1, high; D2, medium; D3, low) at T0. Only
phylogenetic groups with a relative abundance of �1% are shown. Abundance of each phylum was determined from n � 3 biological replicates.
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(Table 1). In the same way, the Shannon and evenness diversity indices evidenced a
decrease in bacterial diversity along the dilution gradient and better evenness in the
most species-rich communities. As observed between D1 and the native community,
the decrease of evenness along the diversity gradient was associated with an increase
in the dominance of OTUs affiliated to Beta- and Gammaproteobacteria and a decrease
of Acidobacteria, Actinobacteria, Planctomycetes, Gemmatimonadetes, Chloroflexi, and
Deltaproteobacteria (Fig. 2A).

The diversity metrics of the fungal communities in the native and the most-species-
rich community, D1, were similar (Table 1). Composition at the phylum level was
slightly different, mainly due to an increase of Ascomycota and a decrease of Basidi-
omycota in D1 (Fig. 2B). As described above for bacteria, the diversity of the fungal
community also decreased with increased dilution, as evidenced by (i) the average OTU
richness, which decreased significantly (P � 0.05) by 23% and 58% in D2 and D3,
respectively, compared to the level in D1, and (ii) the values of the Shannon index
(Table 1). Evenness of the fungal communities also decreased with decreasing diversity.
This was mainly due to the increased dominance of OTUs affiliated to Basidiomycota
over Ascomycota along the diversity gradient (Fig. 2B).

The complexity of the microbial community (bacteria and fungi) was lower in D1
than in the native community, as evidenced by the values of the microbial cooccur-
rence indices (Table 1). This was due to the decreased number of bacterial links, but not
of fungal links, contributing to the network. As indicated above for the diversity metrics,
the complexity of the microbial network decreased with dilution in terms of the
number of nodes and links. However, values for the balance between positive and
negative links were similar in all communities of the gradient at the level of the native
community.

Soil and wheat residue C mineralization. In the control microcosms, cumulative
soil respiration (Rs) levels were similar for D1 and D2 but significantly decreased in D3,
the lowest diversity level (P � 0.05) (Fig. 3A). This lower level was mainly ascribed to a
lower respiration during the first 7 days of incubation than the rates for D1 and D2 (Fig.
3A). After 7 days, the respiration rates no longer differed between the three diversity
levels. At the end of the incubation, 0.42 � 0.04 mg g�1 soil C-CO2 had been emitted
in D3, which was significantly lower, by 33% and 29%, than the values recorded for D1
(0.63 � 0.04 mg g�1) and D2 (0.59 � 0.03 mg g�1), respectively (P � 0.05).

Wheat residue incorporation significantly increased respiration irrespective of the
soil diversity level (Fig. 3A). However, the stimulation of CO2 release increased with
increasing microbial diversity (P � 0.05), leading to a clear gradient of respiration, with
D1 � D2 � D3. More precisely, at the end of incubation the total C-CO2 emitted from
the amended microcosms (Rt) ranged from 1.63 � 0.109 (D1) to 1.34 � 0.08 (D2) and
0.88 � 0.07 (D3) mg g�1 soil, corresponding to decreases in C-CO2 release of 46% and
18%, respectively, in D3 and D2, compared to the D1 level. Analysis of the difference
between the respiration levels in control and wheat-amended microcosms for each of

TABLE 1 Diversity and microbial cooccurrence network indices of the microbial communitiesa

Level of
diversityb

Index of diversity by community

Microbial cooccurrencedBacteria Fungi

Richnessc
Shannon
index

Evenness
index Richness

Shannon
index

Evenness
index Nb nodes

Total no.
of links

No. of
bacterial
links

No. of
fungal
links B/F P/N

Native 1,004 � 98.8 A 5.48 � 0.13 A 0.79 � 0.01 A 449 � 54.8 A 3.87 � 0.21 AB 0.63 � 0.07 A 446 16,822 8,099 1,668 4.86 1.09
D1 659 � 19.4 B 4.20 � 0.09 B 0.65 � 0.02 B 462 � 51.8 A 3.95 � 0.31 A 0.64 � 0.04 A 331 9,524 3,222 1,718 1.88 1.12
D2 435 � 110.7 C 3.62 � 0.54 B 0.59 � 0.06 B 356 � 51.5 A 3.32 � 0.29 AB 0.57 � 0.04 A 186 3,718 1,499 532 2.89 1.07
D3 313 � 56.6 C 2.97 � 0.40 C 0.51 � 0.05 C 194 � 91.0 B 2.51 � 1.42 B 0.47 � 0.22 A 107 1,367 593 219 2.71 1.09
aValues were calculated from the sequencing data for the native community and for each level of diversity at T0 (i.e., the end of the 6 weeks of preincubation). For
each level of diversity, values with different letters differ significantly (P � 0.05). Values are expressed as means � standard deviation (n � 3 biological replicates).

bD1, high; D2, medium; D3, low.
cRichness refers to the number of OTUs defined at the genus level.
dNb nodes, number of taxa connected in the network; bacterial links and fungal links, links involving, respectively, bacteria only and fungi only; B/F, ratio between the
numbers of bacterial and fungal links; P/N, ratio between the numbers of positive and negative links in the cooccurrence network.

Maron et al. Applied and Environmental Microbiology

May 2018 Volume 84 Issue 9 e02738-17 aem.asm.org 4

http://aem.asm.org


the three levels of diversity (Fig. 3B) evidenced three distinct periods as follows: (i) an
initial early phase represented by the first week following wheat incorporation and
characterized by similar increases in respiration for each of the three diversity levels; (ii)
a second phase between 10 and 21 days during which the respiration increase was
significantly higher in D1 than in D2 and D3; and (iii) a third and later phase from 21
to 60 days characterized by a gradient in the respiration increase which followed the
gradient of diversity.

The increased C-CO2 release in amended microcosms was explained in part by
wheat residue decomposition (Rr), which occurred in all three diversity levels (Fig. 4A).
However, wheat mineralization increased significantly with increasing soil microbial
diversity (P � 0.05), and at T60 days about 63%, 50%, and 35% of the wheat residues
had been mineralized, respectively, in the high-, medium-, and low-diversity levels (D1,
D2, and D3, respectively). Interestingly, the difference in residue mineralization be-
tween the three diversity levels increased with time (Fig. 4A).

FIG 3 (A) Cumulative total soil respiration over 60 days in control (dashed lines) and wheat-amended (solid lines) microcosms for the three levels of diversity.
Black, high diversity (D1); dark gray, medium diversity (D2); light gray, low diversity (D3). (B) Difference between respiration levels of control and wheat-amended
microcosms for the three levels of diversity. For each incubation time and level of diversity, values with different letters differ significantly (P � 0.05). The inset
in panel A represents a focus on the first 10 days to visualize the early shifts. Error bars denote standard deviations of biological replicates (n � 3).

FIG 4 Cumulative respiration of wheat residues (A) and cumulative priming effect (B) were measured during 60 days of incubation for the three levels of
diversity: D1, high diversity; D2, medium diversity; D3, low diversity. For each incubation time and level of diversity, values with different letters differ
significantly (P � 0.05). Insets represent a focus on the first 10 days to visualize the early shifts. Error bars denote standard deviations of biological replicates
(n � 3).
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The release of 12C-CO2 (i.e., C-CO2 emitted through mineralization of the autoch-
thonous carbon source) was also significantly stimulated, compared to the control level,
following wheat residue incorporation. This pointed to a priming effect (PE) of native
soil organic matter, which also contributed significantly to the increased C-CO2 release
observed in amended microcosms (Fig. 4B). This PE occurred at all the three diversity
levels, but its intensity was significantly and positively related to the diversity of the soil
microbial community (P � 0.05) (Fig. 4B). At the end of the incubation, PE represented
0.46, 0.32, and 0.15 mg C g�1 soil, corresponding to increases of 73% � 4%, 52% � 3%,
and 40% � 1% in autochthonous carbon decomposition for D1, D2, and D3, respec-
tively. In addition to the absolute amount of C-CO2 emitted through PE, the amount of
C-CO2 emitted by PE per unit of wheat organic carbon (C-wheat) residue mineralized
was also dependent on the diversity level, ranging from 0.53 � 0.04 mg g�1 for D3 to
0.73 � 0.02 mg g�1 for D2 and 0.86 � 0.04 mg g�1 for D1. This indicated that, for a
given quantity of C-wheat residue mineralized, the quantity of C-CO2 released through
PE increased with increasing soil microbial diversity.

In amended microcosms, microbial diversity also impacted the composition of total
CO2 flux in terms of the relative contribution of C-CO2 emitted from allochthonous
wheat residues versus an autochthonous carbon source (Fig. 5 and Table S1). Most
markedly, the contribution of C-CO2 emitted from wheat residues was significantly
higher in the species-poor communities in D2 and D3 than in D1 up to 3 weeks.

DISCUSSION
Community manipulation decreased microbial diversity in soil. The aim of our

study was to evaluate the effect of microbial diversity on carbon transformations in soil.
To this end, we manipulated experimentally the diversity of a soil microbial community
using a dilution-to-extinction approach (16, 18, 21).

Compared to the native community, the fungal community that established in the
highest-diversity level, D1, harbored similar characteristics in terms of richness and
complexity. In contrast, and despite the high values of diversity indices, the diversity of
the bacterial community was lower in D1 than in the native community. This decrease
was explained by a lower abundance of phyla reported to be mainly composed of

FIG 5 Relative contribution of allochthonous versus autochthonous carbon sources to total CO2 emission (bars) and cumulative total soil respiration in
wheat-amended microcosms (curves) during 60 days of incubation for the three levels of diversity (D1, high; D2, medium; D3, low). For each incubation time
and level of diversity, values with different letters differ significantly (P � 0.05). Error bars denote standard deviations of biological replicates (n � 3).
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slow-growing organisms, such as Acidobacteria, Actinobacteria, Planctomycetes, Chloro-
flexi, and Gemmatimonadetes (25–27), and an increased dominance of particular pop-
ulations described as fast-growing r-strategists, mainly affiliated to Proteobacteria
(mostly the Alphaproteobacteria and Gammaproteobacteria subclasses of Proteobacte-
ria), and Firmicutes (25–27). Altogether, the shifts in diversity observed between the D1
and the native communities highlighted the finding that colonization impacted the
bacterial community more than the fungal community. The observed changes are
in agreement with the commonly accepted idea that bacteria are generally more
opportunistic than fungi due to differences in physiology and metabolic capacities
(19, 28, 29).

The dilution-to-extinction approach was successful in establishing gradients of
bacterial and fungal diversity among the three diversity levels, with D1 � D2 � D3
(Table 1). It was clearly apparent that the decreased diversity could be ascribed to a loss
of the least abundant (i.e., rare) species at the moment of dilution, as evidenced by the
richness index, which was decreased by 34% and 52% for bacteria and by 23% and 58%
for fungi in D2 and D3, respectively, compared to levels in D1. However, the ecological
attributes of the inoculated populations may also have determined the fitness of these
populations during soil colonization and, hence, determined the diversity of the finally
established community (30). This may explain why the differences between the three
diversity levels did not simply result from the arithmetic loss of microbial populations
due to dilution (31). More precisely, the decrease of evenness observed for bacterial
and fungal communities along the diversity gradient highlighted the finding that
dilution led to the increased dominance of a particular subset of microbial populations
at the end of colonization, in agreement with previous studies (30). However, the
composition of the established communities suggested that the mechanisms that
determined the success of the microbial populations in colonizing the soil differed
between bacteria and fungi.

For bacteria, evenness was decreased along the gradient due to the increased
dominance of the most opportunistic fast-growing r-strategists over the slower-
growing populations (interestingly, the same phyla were involved as the phyla, dis-
cussed above, that differed between the native and D1 communities). This suggests
that the growth rate may have been the main determinant of the success of bacterial
populations during soil colonization. In contrast, for fungi the decrease of evenness was
mainly associated with an increased dominance of Basidiomycota over Ascomycota.
Both phyla are reported to be major contributors to C cycling in soil. However,
Basidiomycota are assumed to possess improved metabolic capacities over Ascomycota
for decomposing more recalcitrant soil C compounds (19, 32). Accordingly, our results
suggest that the success of the fungal populations during the colonization phase may
have been determined more by their metabolic abilities than by their growth rates. It
is noticeable that this difference in colonization strategy between bacteria and fungi
led to an increase in the relative importance of fungi in determining the properties of
the microbial network in the inoculated soils, as evidenced by the decrease in the ratio
of the numbers of bacterial-to-fungal links in D1 (1.88), D2 (2.89), and D3 (2.71)
compared to the ratio in the native community (4.86). However, in our study this did
not impact labile carbon availability in the three diversity levels, based on the size of the
dissolved organic carbon pool as estimated by applying the method of Guigue et al.
(33). At T0 the carbon pools were similar for D1 (737 � 103 �g g�1 soil), D2 (532 � 207
�g g�1 soil), and D3 (724 � 28 �g g�1 soil).

In spite of large differences in terms of the levels of bacterial and fungal diversity,
the microbial biomasses and densities at T0 were similar for all three diversity levels (Fig.
1). This indicated that after inoculation, the microbial communities developed until the
soil carrying capacity was attained (16, 34), which was not dependent on the diversity
of the soil microbial community. The microbial biomass in the controls remained stable
throughout the experiment but was similarly increased by the addition of wheat
residues in all three diversity levels. The possibility that any further observed shifts in
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respiration rates with dilution would be due to a community biomass effect could
therefore be excluded.

Decrease in microbial diversity affects the decomposition of allochthonous and
autochthonous carbon sources. High microbial diversity generally stimulated the
decomposition of both autochthonous and allochthonous carbon sources (Fig. 3 and 4).
In the controls, basal respiration (i.e., autochthonous organic matter decomposition)
was not affected by the decrease of microbial diversity at the two highest diversity
levels, D1 and D2 (Fig. 3A), in agreement with the functional redundancy hypothesis
(18). However, respiration decreased by 33% in the most species-poor community, D3,
compared to that of D1, highlighting the limits of functional redundancy to buffer the
effect of diversity loss on ecosystem processes (30, 35). This was unexpected, however,
since previous studies had not shown any impact of an even greater decrease in
microbial diversity on basal respiration (18, 36). This discrepancy with previously
published data may be attributed to our experimental design, which included mechan-
ical mixing of the soil in the controls to mimic the disturbance associated with the
incorporation of wheat residues in amended microcosms. Mechanical disturbance is
known to release additional C substrates due to the disruption of soil aggregates and
hence to increase nutrient availability for microbes, particularly during the first days
following the perturbation (37). Such a transitory increase of nutrient availability may
have contributed to the functional dissimilarity observed in the lowest diversity level
(D3) during the first week of incubation, in agreement with van der Heijden et al. (6),
who proposed that the relationship between microbial diversity and ecosystem func-
tioning may differ between nutrient-poor and nutrient-rich ecosystems. The impor-
tance of nutrient availability was verified in recent studies that reported an increase of
the diversity effect with increasing nutrient availability for denitrification or of microbial
stability following disturbance (30, 34).

In our study, an increase of the functional significance of microbial diversity with
increasing nutrient availability was further evidenced by the results obtained in wheat-
amended microcosms. As expected, C-CO2 release was increased following wheat
residue input, corresponding to the input of an easily degradable C substrate (38),
which stimulated microbial biomass during the first 2 weeks of incubation (Fig. 1).
However, whereas the increases in microbial biomass were similar at all three diversity
levels, decreasing microbial diversity had a strong and highly significant effect on
decreasing C-CO2 emission. In contrast to the above-mentioned results obtained for
basal respiration, no saturation effect was observed in amended microcosms since the
total C-CO2 released after 60 days was decreased, respectively, by 18% and 44% in D2
and D3 compared to the D1 level (Fig. 3A). Altogether, our results indicate that
functional redundancy may have been overestimated and that C transformations in soil
may be more sensitive to microbial diversity changes than previously expected, par-
ticularly in ecosystems exposed to nutrient inputs.

Interestingly, the difference in C-CO2 (delta C-CO2) amounts released between the
controls and their respective amended treatments for each of the three diversity levels
increased with time (Fig. 3B). We suggest that this increase of functional dissimilarity
between the three diversity levels with time may in part be explained by (i) the
chemical and structural complexity of the allochthonous C source and (ii) the sequential
decomposition of the different components of wheat residues that occurred during the
degradation process from labile (i.e., sugars) to more recalcitrant (i.e., lignin) com-
pounds (39). While the labile fraction of wheat residues provides easily available C and
energy sources for many microorganisms (i.e., highly redundant function), the cometa-
bolic nature of lignin breakdown depends on energy-providing processes and requires
a specific set of enzymes and microbial populations (i.e., weakly redundant function)
(19, 20). Accordingly, during the first week of decomposition, similar values of delta
C-CO2 were observed at all three diversity levels, reflecting the availability and decom-
position of the most degradable wheat compounds. After 7 days, the decrease of delta
C-CO2 observed in D3 and D2 compared to that of D1 may reflect the increased
recalcitrance of residues due to prior decomposition of the most degradable com-
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pounds, hence requiring more specialized functions carried out by a less redundant
community and more likely to be represented in the most species-rich community.
Finally, the gradient observed of D1 � D2 � D3 after 28 days may be explained by the
subsequent increased recalcitrance of the remaining residues. Altogether, these results
show that functional redundancy decreases with increasing carbon source recalci-
trance, leading to an increased effect of biodiversity with time following allochthonous
C source inputs. To our knowledge, the dynamic of the diversity effect following an
allochthonous C source input has not been reported previously. However, it may be
highly relevant in the current global-change context assumed to impact the pulse
inputs of plant residues and rhizodeposits into the soil (40, 41).

In addition to CO2 emitted from wheat decomposition, the stimulation of autoch-
thonous carbon mineralization after wheat residue addition to the soil, i.e., the priming
effect, also contributed significantly to the increased CO2 release in amended micro-
cosms (Fig. 4B). This was in agreement with numerous studies that reported a PE
following the incorporation of plant residues into the soil (26, 42–44). However, here we
provide the proof of concept that PE is positively dependent on microbial diversity
since it decreased along the diversity gradient (Fig. 4B). This diversity effect was highly
significant since autochthonous C mineralization was 30% higher in D1 than in D3. In
addition to the amount of C-CO2 emitted through PE, the efficiency of C-wheat to
produce C-CO2 through PE increased with increasing microbial diversity (0.86, 0.73, and
0.53 C unit were emitted per unit of C-wheat mineralized in D1, D2, and D3, respec-
tively). Different microbial mechanisms have been proposed to explain the PE (27, 45,
46). However, in our study involving an erosion of microbial diversity, the differences in
PEs and better efficiency observed according to diversity may be mainly explained by
an increased cometabolism process in species-rich communities: with autochthonous C
decomposers (i.e., K-strategist populations carrying a specific set of enzymes) more
likely to be present in species-rich communities and degrading recalcitrant soil organic
matter (SOM) compounds by using the allochthonous C source as energy source (47).

The dynamics of the ratio between C-CO2 released from allochthonous sources to
that from autochthonous C sources provided additional interesting information in this
sense (Fig. 5). According to our hypothesis, the relative contribution of C-CO2 emitted
from the allochthonous C source was increased in the most-depauperate communities
(D2 and D3) up to 3 weeks after wheat residue incorporation into the soil, indicating
that species-poor communities preferentially decomposed the more degradable alloch-
thonous C sources rather than the autochthonous C source. However, after 3 weeks,
similar values of this ratio were observed at all three diversity levels, probably resulting
from the establishment of limiting conditions due to nutrient depletion and a higher
recalcitrance of the remaining residues (39), which were becoming close to the recal-
citrance of the autochthonous C sources.

In our study based on the use of the dilution-to-extinction approach to manipulate
bacterial and fungal diversity, it must be kept in mind that higher trophic-level
organisms, i.e., specialized predators like protozoa, are likely to have been influenced
most by dilution because these organisms are less abundant in soil food webs (48).
More precisely, considering that protozoa are present at an average density of 106 g�1

soil in most soils, they may have been weakly present in D3 (dilution 10�5) compared
to their levels in D1 and D3. Given the importance of these organisms for ecosystem
functions (for a review, see reference 49), the loss of protozoa, in addition to the erosion
of the fungal and bacterial diversity discussed above, may have contributed to the
changes in C-CO2 emissions observed among the three diversity levels. The loss of
protozoa may, indeed, possibly have decreased the availability of macronutrients in D3
through the decrease of the release of N by bacterivores and/or the immobilization of
N in the microbial biomass due to lower stimulation of microbial activity and turnover,
hence limiting the mineralization of organic carbon (49).

This food web hypothesis may explain the slight decrease of mineralization ob-
served in D3 compared to that of the two other diversity levels in the controls.
However, it cannot explain the gradient of mineralization observed following wheat
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addition between D1, D2, and D3, despite the presence of protozoa in D1 and D2. In
addition, it was globally estimated in a recent meta-analysis that grazing decreases the
soil microbial biomass and bacterial abundance by 16 and 17%, respectively (49). In our
study, neither the microbial biomass nor the bacterial density was decreased between
the three diversity levels, suggesting that the grazing pressures were similar in the
three diversity levels. In another respect, our results show that the priming effect
decreased with the decrease in microbial diversity. Again, this is not in agreement with
the food web hypothesis since a decrease in macronutrient availability would, on the
contrary, have increased the intensity of the PE due to stimulation of the nutrient-
mining mechanism (44, 50, 51) that has been demonstrated to take place in cases of
nutrient depletion. Finally, the hypothesis of a decrease of nutrient availability is not in
agreement with the decrease of the decomposition of lignin following the erosion of
diversity previously reported in the context of the same experiment (16). Limiting-
nitrogen conditions were, on the contrary, shown to induce ligninolytic activity (52).
Altogether, these elements highlight the finding that the decrease of mineralization
observed between D1, D2, and D3 was ascribed to the decrease of microbial diversity
rather than to the loss of higher trophic levels.

In conclusion, our results demonstrate that C cycling in soil may be more vulnerable
to microbial diversity changes than expected from previous studies. They indicate
mainly (i) that a decrease of soil microbial diversity affected the decomposition of both
autochthonous and allochthonous carbon sources, hence reducing global CO2 emis-
sion (i.e., emission from allochthonous and autochthonous sources) by up to 40%, (ii)
that this decrease in diversity modified the source of CO2 emission toward preferential
decomposition of allochthonous C-substrates, and (iii) that the significance of the
diversity effect increases with nutrient availability. Altogether, these highly relevant
new findings should be taken into account in future studies aiming to understand and
predict the functional consequences of decreased microbial diversity on soil ecosystem
services and carbon storage in soil, particularly in the current context of global changes
assumed to impact both microbial diversity and the pulse inputs of plant residues and
rhizodeposits into the soil (i.e., the functional significance of the microbial diversity
variable in predictive models of C turnover in soil will be increased with the increase of
C substrate availability). The coupling of community diversity with ecosystem function-
ing also implies that concerns about the need to preserve biodiversity are also relevant
for soil microbial communities.

MATERIALS AND METHODS
Plant culture and 13C-labeling. Seeds of wheat (Triticum aestivum cv. Caphorn) were germinated at

4°C in darkness. Plantlets were grown in a mix of sand (1/4) and perlite (3/4) in an airtight chamber which
allowed accurate regulation of atmospheric gas composition and environmental parameters (GRAP, CEA
Cadarache, France). The plants were watered with half-diluted Hoagland’s nutrient solution, and CO2

concentration was maintained at 380 �l liter�1. The partial pressures of both 13CO2 and 12CO2 in the
chamber were continuously monitored by near-infrared spectroscopy to determine 13C enrichment of
the CO2. Regulation was achieved by automatic injection of pure (�99 atom% 13C) 13CO2 (purchased
from CortecNet, Paris, France). The 13C isotope excess in the chamber was fixed at �80 atom% during
the first 10 days and at �90 atom% thereafter. Plants were grown for 196 days (i.e., to maturity). The
roots and shoots were then separated and dried before further use. The wheat was thus labeled with 13C
at 96 atom% and characterized by a C/N ratio of 78.2. Only the shoots (aerial parts) were used for the
experiment; the roots were discarded.

Soil. Soil samples were taken from the top 10 cm of a Cambisol on a temporary grassland site, part
of a long-term observatory (LTO) for environmental research (Lusignan LTO-ACBB, INRA), located in the
southwest of France (46°25=12.91� N, 0°07=29.35� E). The soil pH in water (pHH2O) was 6.6, and the soil
contained 17.5% clay, 36.9% fine silt, 30.4% coarse silt, 15.2% sand, �1 g kg�1 CaCO3, 2.29% organic C,
and 0.13% total N. The C/N ratio was 9.9. The soil was sieved at 4 mm and homogenized prior to gamma
ray sterilization (35 kGy; Conservatome, Dagneux, France). The sterility of the irradiated soil was verified
by spreading serial dilutions of the soil onto nutrient agar plates.

Experimental design. Microcosms were set up by placing 40 g of dry sterile soil in 150-ml plasma
flasks. Sterile soil microcosms were inoculated with suspensions of the same nonsterile soil (16, 30, 34).
Briefly, an initial soil suspension was prepared by mixing 100 g of native soil (equivalent dry mass) with
300 ml of sterile distilled water using a Waring blender. After the soil suspension was subjected to
blending for 5 min at maximum speed, it was serially diluted. Three levels of dilution of the soil
suspension were used as inocula to create a gradient of diversity, i.e., undiluted (100; D1), 1/103 dilution
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(D2), and 1/105 dilution (D3); the soil moisture was fixed at 60% water-holding capacity. After inoculation,
the microcosms were closed to avoid air contamination and preincubated for 6 weeks at 20°C (i.e.,
average autumn temperature at the sampling site) with weekly aeration and verification of soil water
content to allow colonization and stabilization of the inoculated communities in terms of density and
structure. On day 0 (T0; after 6 weeks of preincubation), for each diversity level, half of the microcosms
were amended with 13C-labeled wheat residues (dried, ground to �1 mm, 96 atom% 13C labeled),
incorporated at a rate of 5 mg g�1, while the other half were not amended (control). The wheat residues
were homogeneously incorporated into the soil by mixing. The soil in the control microcosms was also
mixed at T0 to avoid any bias due to the mixing step. The soil microcosms were then incubated in the
dark at 20°C for 60 days. During incubation the soil moisture was maintained by replacing weight loss
with autoclaved reverse-osmosis water when necessary. In total, there were 90 microcosms correspond-
ing to 2 treatments (wheat-amended versus control) times 3 levels of diversity times 5 sampling dates
times 3 replicates. At T0, labile carbon availability was determined in triplicate microcosms for each
diversity level by quantifying the size of the dissolved organic carbon pool after extraction of the
water-extractable organic matter by percolation at high pressure and temperature (33).

Total and 13C-CO2 measurements. At T0, T3, T7, T10, T14, T21, T28, T44, and T60 days of incubation, the
gaseous phase of the microcosm was sampled in 10-ml airtight flasks to measure the CO2 concentration
and in 12-ml airtight flasks to determine the 13C-CO2 enrichment. CO2 concentration was determined on
an Agilent 7890 GC system equipped with a Pora-Plot Q column and a thermal conductivity detector
coupled to an automatic sampler (G1888 headspace sampler; Agilent). Carbon isotopic enrichment was
determined by gas chromatography isotope ratio mass spectrometry (GC-IRMS) using a trace gas
interface coupled in continuous flow with a VG Isochrom mass spectrometer (Micromass, Manchester,
England). For isotopic CO2, a pure bottle (CO2 of �99.999% [N48; Air Liquide, France]), previously
calibrated against a certified isotopic standard (�13C � �25.5‰ � 0.2‰ versus the Pee Dee belemnite
[PDB] standard; Isotop, Air Liquide), was selected as internal standard. Gas samples were manually
injected into the trace gas with a gas-tight syringe.

By using 13C-labeled plant residues, the autochthonous soil C (Rs) and plant residue C (Rr) respiration
(milligrams of C-CO2 kilogram�1 soil) could be calculated from the following mass balance equations:
Rs � Rr � Rt and Rs 	 As

13 � Rr 	 Ar
13 � Rt 	 At

13, where As
13 is the 13C abundance (dimensionless) of

soil carbon, Ar
13 is the 13C abundance of plant residue, Rt is the total CO2 emitted by soil with plant

residue, and At
13 is its 13C abundance.

The priming effect (PE; milligrams of C-CO2 kilogram�1 soil) induced by the addition of plant residue
was calculated as PE � (Rs of soil with plant residue) � (Rs of control soil), where (Rs of control soil) was
the CO2 emitted by control soil.

DNA extraction from soil and molecular microbial biomass determination. At T0, T7, T14, T28, and
T60 days of incubation, DNA was extracted from 2 g of soil from all triplicate microcosms of each
treatment and diversity level and quantified as previously described (11). DNA was also extracted from
triplicates of native soil samples. DNA concentrations of crude extracts were determined by electropho-
resis in a 1% agarose gel using a calf thymus DNA standard curve and used as estimates of microbial
molecular biomass (53). After quantification, DNA was purified using a MinElute gel extraction kit
(Qiagen, Courtaboeuf, France).

Pyrosequencing of 16S and 18S rRNA genes. Bacterial and fungal diversity was determined by 454
pyrosequencing of ribosomal genes in the three replicates of each of the three diversity levels at T0, i.e.,
at the end of the 6 weeks of preincubation, and in three replicates of the native soil. For bacterial
communities, a 16S rRNA gene fragment with sequence variability and the appropriate size (about 450
bases) was amplified using the primers F479 and R888. For fungal communities, an 18S rRNA gene
fragment of about 350 bases was amplified using the primers FR1 and FF390 (54). Primers and PCR
conditions were as described previously (11). Finally, the PCR products were purified and quantified, and
pyrosequencing was carried out on a GS FLX Titanium 454 sequencing system (Roche).

Taxonomic assignments and clustering of 16S and 18S rRNA gene fragments. Bioinformatics
analyses were done with GnS-PIPE developed by the GenoSol platform (INRA, Dijon, France) and
described previously (11). First, all reads were sorted according to the chosen multiplex identifiers. Then,
raw reads were filtered and deleted as follows: (i) if the exact primers were not found both at the
beginning and end of the sequence, (ii) if the sequences contained any ambiguity, or (iii) if the sequence
length was below 350 and 300 bases for 16S and 18S reads, respectively. A PERL program was then
applied to obtain strict dereplication. The dereplicated reads were then aligned using Infernal alignments
(55) and clustered into operational taxonomic units (OTU) at 95% sequence similarity using a PERL
program that clusters rare reads to abundant ones and does not count differences in homopolymer
lengths (main bias of pyrosequencing technologies). Another homemade filtering step was then applied
to eliminate potential sources of error (e.g., PCR chimeras, sequencing errors, or OTU overestimation)
based on taxonomic results. To efficiently compare the data sets and avoid biased community compar-
isons, high-quality reads were rarefied by random selection closed to the lowest data sets (5.630 and
4.763 reads for 16S and 18S rRNA gene sequences, respectively). Kept reads were then compared for
taxonomy-based analysis against the Silva database (version r111) using similarity approaches (USE-
ARCH). Finally, diversity indexes were determined using the detected taxonomic groups at the genus
level. The numbers of OTUs and the Shannon (H=) and evenness (J) indexes were used as indicators of
soil microbial richness, diversity, and structure, respectively.

Statistical analysis. Molecular biomass and diversity indexes were compared between the three
levels of diversity by applying a nonparametric Kruskal-Wallis test. For gaseous data, statistical analyses
were conducted using two-way analysis of variance (ANOVA), and differences between means were
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tested with the Fisher test (P � 0.05). These statistical calculations were carried out using XLSTAT
software (Addinsoft, Paris, France). Microbial cooccurrence networks were built using a previously
described method (56). For each dilution level and for the native soil, the core community of OTUs in the
three replicates was used to identify the significant Spearman correlations (corrected with the false
discovery rate method; P � 0.05) that were interpreted as nonrandom cooccurrences. The bacterial,
fungal, and combined networks were computed to estimate the proportion of links involving bacteria
only, fungi only, or both bacteria and fungi. The calculation and definition of the network metrics were
detailed previously in Karimi et al. (57).

Accession number(s). The nucleotide sequences determined in this study have been submitted to
the European Bioinformatics Institute (EBI) database under accession number PRJEB19513.
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